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Abstract The analysis of membrane domain segregation and 
phase separation is of significant interest for the understanding 
of cell membranes. In this paper, we report a new approach to 
atomic force microscopy (AFM) of artificial membranes, using 
both functionalised AFM tips and Force Volume AFM imaging 
for the analysis of membrane phase separation. Simultaneous 
topology and mapping of interaction forces of binary component 
phospholipid bilayer membranes was performed yielding novel 
insights into membrane structure at unprecedented resolution. 
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I. INTRODUCTION 
 
The lack of reliable chemical analysis adapted to the 
challenging task of analysing cell membrane lipid composition 
is a key problem in membrane research. This problem is 
exacerbated by the fact that each leaflet of the cells bilayer 
comprises a different lipid composition. Techniques that allow 
the in situ probing or mapping of these membrane components 
are scarce [1]. The time dynamics and variation of phase and 
chemical composition in this system demand fast, high 
resolution techniques. In-fluid AFM combined with 
spectroscopy (so called Force Volume (FV) mode) can satisfy 
these demands. However, FV imaging has been limited to 
producing elasticity maps of heterogeneous materials including 
biominerals [2], carbon nanotubes [3], polymer composites [4-
6] and living cells [7, 8]. Here, we present a new approach for 
the analysis of model membranes based on FV imaging using 
AFM tips with defined surface chemistry which will allow 
unprecedented insights into bilayer membrane organization and 
composition. This will provide invaluable new insights into 
lipid dynamics at levels not previously possible. 
II. EXPERIMENTAL 
 
A. Vesicle Preparation 
Multilamellar vesicles (MLVs) were prepared by first 
dissolving aliquots of dipalmitoyl phosphatidylcholine (DPPC) 
and/or dioleoyl phosphatidylserine (DOPS) (Avanti Polar 
Lipids, Birmingham, AL, USA) in chloroform, followed by 
evaporation of the solvent under nitrogen. Lipid samples were 
further dried under vacuum for 3 h prior to being suspended in 
10 mM HEPES buffer, 150 mM NaCl,  4mM CaCl2. The final 
concentration of lipids was 0.5 mM. Samples were left to 
hydrate overnight, followed by sonication for 30 min. During 
sonication, periodic vortex mixing was carried out prior to 
vesicle extrusion (Avanti Mini-Extruder, Avanti Polar Lipids, 
Birmingham, AL, USA) 20 times through a polycarbonate 
membrane filter of defined pore diameter, typically 100 nm. 
Extrusion was performed at temperatures above the transition 
temperature (TM) of the component phospholipids, since gel-
state lipids are difficult to extrude at lower temperatures [9]. 
Resultant small unilamellar vesicles (SUVs) had a 
monodisperse size distribution as measured by dynamic light 
scattering (HPPS, Malvern Instruments) and were used for all 
further experiments.  
B. Atomic Force Microscopy 
The visualization of SPBs was performed using a 
commercial AFM (Nanoscope IV, Digital Instruments, Santa 
Barbara, CA). All images were obtained by means of in situ 
tapping mode using triangular Si
3
N
4 
cantilevers (Digital 
Instruments) with a spring constant of 0.15 N m-1 operating at 
the cantilever resonant frequency. Formation of SPBs was 
achieved by depositing 100L of 100nm SUV solution (10mM 
HEPES, 150mM NaCl, 4mM CaCl
2
, pH 7) to a freshly cleaved 
mica surface. Prepared surfaces were then incubated for 4hrs at 
4oC [10]. Prior to imaging, surfaces were rinsed with 10mM 
HEPES, 150mM NaCl, pH 7. 
C. Chemical Modification of AFM Probes. 
Commercial triangular Si
3
N
4 
cantilevers were cleaned in a 
water plasma prior to further modification. Following plasma 
cleaning, tips were modified using silane deposition from 
solution [11]. Modification of plasma treated tips with 3-
aminopropyltriethoxysilane (APTES) (0.5% v/v in hexadecane) 
was performed by deposition overnight (16h) at room 
temperature followed by rinsing in chloroform and drying 
under a gentle stream of N2.  
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D. Force Spectroscopy and Force Volume 
Force plots were acquired using either triangular Si3N4 
cantilevers or APTES modified Si3N4 cantilevers with a 
nominal spring constant of 0.15 N m-1. A total of 
approximately 200 force curves over more than five positions 
were obtained for each surface analysed. 
Force volume imaging collects force curves at each x,y 
pixel of the image by measuring cantilever deflection. Whilst a 
height image is also produced by this technique, its strength is 
that the information contained in the 3D data set can be 
decoupled from the topographic information.  
All force spectroscopy and force volume measurements 
were performed in 10mM HEPES, 1mM NaCl pH 7. In this 
work, we focus on the force data obtained for the retract cycle. 
III. RESULTS & DISCUSSION 
 
Elucidating the role of the fine structure and composition of 
cellular membranes has been of significant interest in the past 
few decades. Exactly how membrane domains influence the 
transduction of cellular signals is under constant investigation. 
The involvement of membranes in diverse, critical cellular 
functions justifies the existence of a spectrum of constituent 
phospholipids, and the ability to understand their spatial 
distribution and physical properties is key to ultimately 
understanding physiological multi-component lipid 
membranes. In addressing the current lack of understanding of 
membrane organisation and its function, the characterisation 
of the spatial organisation o f membrane lipids with nanoscale 
feature resolution has been performed for binary mixtures of 
phosphatidylcholine and phosphatidylserine. 
 
For the current study, a 1:1 binary mixture of DPPC and 
DOPS was prepared. As expected, supported phospholipid 
bilayers from this lipid mixture exhibited phase separation such 
that the DPPC gel domains were typically ~1nm higher than 
the neighbouring DOPS liquid phase domains (Figure 1) [10].  
 
Figure 1.  AFM topographic image ( 1.5 x 1.5 m2; Z-scale: 5 nm, 512 lines x 
512 lines) of a 50:50 DPPC:DOPS supported phospholipid bilayer. DPPC 
domains extended 1.18±0.03 nm above surrounding DOPS domains. 
 
Zooming in to image a smaller region of the bilayer, Figure 
2A shows a low resolution topographic image. Figure 2B is the 
corresponding FV image obtained using a chemically-modified 
tip where the adhesion force is mapped as a function of lateral 
position. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure 2.  (A) Topographic height image (32 lines x 32 lines) and (B) FV 
adhesion map (322 forces curves) of a 50:50 DPPC:DOPS supported 
phospholipid bilayer. Lighter coloured regions in the FV adhesion map 
correspond to greater force associated with DOPS phospholipids. 
Since the tip modification affords two very different 
adhesion forces for each component phospholipid (Figure 3), 
the identification of lipids in the FV image is facilitated. 
 
 
 
 
 
 
 
 
 
 
 
Figure 3.  Representative retraction force curves for (A) DOPS, and (B) 
DPPC obtained from an APTES modified probe. Inset: molecular structures of 
each phospholipid. 
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The difference in response towards tip surface chemistry 
can be attributed to the difference in functionality of the head 
groups in the two lipids (Figure 3). The tertiary amines of 
DPPC limit hydrogen bonding to the modified AFM tip and 
hence little adhesion is observed (dark areas in Figure 2B). 
However, in the case of DOPS, the lipids carboxylic acid 
readily hydrogen bond to the amine-terminated tip, giving rise 
to a large adhesive force (light areas in Figure 2A). 
In the upper part of the FV image (Figure. 2B), nanoscale 
DOPS domains within a larger DPPC domain are apparent.  
These nanodomains are on the order of 100 nm in lateral 
dimensions and cannot be resolved at this level of detail by any 
other technique. Measuring the mobility of dye-labelled lipid 
molecules using FCS, DPPC domains within a DOPC matrix 
have previously identified locations where the mobility of the 
lipid probes were almost the same as the liquid phase DOPC 
regions [12]. It was inferred that the biphasic mobility of the 
observed nanoscale DPPC domains may have been due to 
DPPC packing heterogeneities or DOPC clusters surrounding 
lipid fluorescent probes. The results reported in this paper 
suggest that this measured change may have been due to 
nanodomains absorbed into larger microdomains. A recent 
study utilising NanoSIMS has also revealed the existence of a 
fluid phase subdomain within a gel phase domain, which was 
assumed to represent trapping of the fluid-phase subdomain 
upon expansion of the gel-phase domain [13].   
 
With reference to the FV image (Figure 2B), the adhesion 
forces can be mapped along a line moving horizontally from 
left to right (Figure 4). The change of adhesion force when 
moving the tip across the interface from one lipid domain to 
the other is conspicuous.  
Figure 4.  Adhesion force as a function of position for several lines in FV 
adhesion map (Figure 2B). Several lines demonstrate a gradual decline in 
adhesion at the interface, implying that intermixing between DOPS and DPPC 
bilayer domains take place. 
For lines in the upper part of the image, there is a 
pronounced step in adhesion from one region of lipid to the 
other. However, in the lower part of the image, the change in 
adhesion across the step is gradual and several values between 
the two extremes of the two pure lipids are observed. This 
result indicates that in fact the lipid domain boundary in this 
region is not as well defined, consistent with significant 
intermixing of the two lipids. This intermixing occurs over a 
region of about 40 nm and may influence bilayer properties 
significantly. Studies utili sing FCS have hinted at 
heterogeneities of lipid packing at the domain boundary of 
binary mixtures of DOPC and DPPC [12]. The herein 
described, to date unknown, lipid intermixing phenomenon 
may also play an important role in the formation and 
movement of lipid rafts or in the formation and functional 
behaviour of protein assemblies in the complex and phase 
separated structures of physiological membranes. Association 
of proteins into distinct lipid microdomains is governed by 
either chemical or physical properties of the lipid microdomain 
environment. For example, it is understood that 
glycosylphosphatidyl (GPI)-anchored proteins partition enrich 
lipid rafts, while many transmembrane proteins are located in 
nonraft phases [14]. Proteins can also be confined to the area of 
the microdomain if the activation energy of passing the domain 
barrier is larger than the kinetic energy of the protein itself 
[15]. Hypothetically, the intermixing boundary observed in the 
current study could potentially provide a mechanism for 
proteins in different lipid environments to interact. 
With the aid of a specialised AFM imaging technique 
known as FV imaging, we have imaged the topology and 
mapped the interaction forces of binary component 
phospholipid bilayer membranes at a lateral resolution of 
20nm, a more than twofold improvement over the current state-
of-the-art. A binary mixture of phosphatidylcholine and 
phosphatidylserine was utilised in these experiments but the 
continued development of this technique has the potential to 
examine multiple headgroup functionalities, eventually leading 
to the compositional analysis of physiologically relevant 
biological membranes.  Development of this technique to 
monitor physiological relevant membranes will have potential 
applications in elucidating the nature and role of cellular 
membranes, in particular their domains or rafts, and how their 
dynamic structure and molecular associations affect cell 
membrane signalling or biological functions.  
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